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ABSTRACT: A novel phospholipid−graphene nanoassembly
is developed based on self-assembly of phospholipids on
nonoxidative graphene surfaces. The nanoassembly can be
prepared easily through noncovalent hydrophobic interactions
between the lipid tails and the graphene without destroying
the electronic conjugation within the graphene sheet. This
imparts the nanoassembly with desired electrical and optical
properties with nonoxidative graphene. The phospholipid
coating offers excellent biocompatibility, facile solubilization,
and controlled surface modification for graphene, making the
nanoassembly a useful platform for biofunctionalization of graphene. The nanoassembly is revealed to comprise a bilayer of
phospholipids with a reduced graphene oxide sheet hosting in the hydrophobic interior, thus affording a unique planar mimic of
the cellular membrane. By using a fluorescein-labeled phospholipid in this nanoassembly, a fluorescence biosensor is developed
for activity assay of phospholipase D. The developed biosensor is demonstrated to have high sensitivity, wide dynamic range, and
very low detection limit of 0.010 U/L. Moreover, because of its single-step homogeneous assay format it displays excellent
robustness, improved assay simplicity and throughput, as well as intrinsic ability to real-time monitor the reaction kinetics.

Graphene, a one-atom layer, two-dimensional structured
graphite with excellent mechanical, thermal, electrical,

and optical properties, creates a unique component in
constructing tailor-made composite materials for biological
applications.1,2 The key step toward these materials is the
solubilization and biofunctionalization of graphene. There has
been significant progress in the development of various
covalent and noncovalent functionalization methods for
biological modification and solubilization of graphene.3−12

Among these, most works rely on the use of oxidative
chemistry, and the resulting graphene oxide can comprise
abundant reactive and hydrophilic functional groups including
carboxylic acid, hydroxyl, epoxide, and carbonyl, which renders
this material highly soluble and versatile for covalent
conjugation of biomolecules.3−5 Alternatively, the soluble
graphene oxide possesses a basal aromatic plane allowing
strong π−π stacking interactions with aromatic molecules. This
constitutes a useful platform for noncovalent assembly of
biological components such as DNA and peptides.6−10

However, very few studies have been performed on the
implementation of nonoxidative graphene for biological
modification and solubilization,11,12 which is contrasted with
its cousin carbon nanotubes that are predominantly used in a
nonoxidative state for biofunctionalization.13−15 Because
graphene in a nonoxidative state may offer substantially
improved electrical and optical performance,1,2,16 development
of biofunctionalization methods for nonoxidative graphene may
provide a new paradigm for further expanding the area of
graphene-based biological applications.

Phospholipids, in addition to their function as the structural
components of cell membranes, are major elements of complex
intracellular signaling networks. Specifically, phospholipid
signaling plays a crucial role in growth, metabolism, differ-
entiation, apoptosis, membrane trafficking, and action cytoske-
leton rearrangement.17,18 In the context, phospholipid-function-
alized nanomaterials represent an attractive option for the
studies of phospholipid signaling. Hence, there have been
widespread implementations of phospholipids for functionaliza-
tion of various nanomaterials including carbon nanotubes,14,15

gold nanoparticles,19 silica nanoparticles, and so on.20−23 These
phospholipid-functionalized nanocomposites have demonstra-
ted great potential for intracellular delivery of analytical probes
or therapeutic drugs19−22 and development of biotracers,
biosensors, or bioelectronic devices.15,23 Surprisingly, to date
the biofunctionalization and solubilization of graphene with
phospholipids have been largely unexplored.
Considering the hydrophobicity of graphene surface, herein

we explore whether the phospholipids can be self-assembled on
the graphene surface due to the hydrophobic interactions
between the lipid tails and the graphene. This allows us to
develop a novel phospholipid−graphene nanoassembly from
phospholipid-based functionalization of nonoxidative graphene.
Such a nanoassembly may be advantageous over graphene
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oxide derivatives, because the phospholipid coating offers
excellent biocompatibility, facile solubilization, and controlled
surface modification for graphene without altering its electronic
conjugation structure. To our knowledge, there is no report
concerning the phospholipid-based solubilization of non-
oxidative graphene for biological analysis applications except
for some theoretical simulations of phospholipid−graphene
interactions24,25 and the development of graphene-based
electronic surface with lipid modification.26 Thus, the
developed phospholipid−graphene nanoassembly may con-
stitute an innovative platform for biofunctionalization and
solubilization of nonoxidative graphene and for further
expansion of graphene-based biological applications. As a case
study, we demonstrate that this nanoassembly can be adapted
into a novel fluorescence biosensor for activity assay of
phospholipase D by using a fluorescein-labeled phospholipid
for the functionalization. Phospholipase D is an enzyme
catalyzing the hydrolysis of phosphatidylcholine into choline
and phosphatidic acid, an established intracellular signaling lipid
that is implicated in vesicular trafficking.27 Activity assay of
phospholipase D is thus of considerable importance for
understanding and regulating many biological processes such
as lipid metabolism, inflammation, cellular signaling, and cancer
development.28 Compared with existing methods for phospho-
lipase D assay based on chromatography,29 fluorescence
resonance energy transfer,30 mass spectrometry,31 or electro-
chemistry,32 the developed biosensor may afford better
sensitivity and higher robustness as well as improved assay
simplicity and throughput.

■ EXPERIMENTAL SECTION
Reagents and Materials. Graphite powder (99.95%, 325

mesh) was purchased from Alfa Aesar (Massachusetts, U.S.A.).
Phospholipase D from Streptomyces chromofuscus (PLD) was
obtained from Merck (Darmstadt, Germany). N-(Fluorescein-
5-thiocarbamoyl)-1,2-dihexadecanoyl-sn-glycero-3-phosphoe-
thanolamine (FL-DHPE) was purchased from Invitrogen
(California, U.S.A.). Dipalmitoyl-sn-glycero-3-phosphocholine
(DPPC), cholesterol, halopemide, ethylenediaminetetraacetic
acid (EDTA), human serum albumin (HSA), and N,N-
dimethylmethanamide (DMF) were from Sigma-Aldrich
(Missouri, U.S.A.). All other chemicals were of analytical
grade and obtained from Sinopharm Chemical Reagent Co.
Ltd. (Shanghai, China). All solutions were prepared using
ultrapure water, which was obtained through a Millipore Milli-
Q water purification system (Billerica, MA, U.S.A.) and had an
electric resistance >18.3 MΩ.
Preparation of the Phospholipid−Graphene Nano-

assembly. Liposome was synthesized according to a
documented protocol33 with minor modifications. Briefly,
DPPC, cholesterol, and FL-DHPE in 4:1:1 molar ratio (3.6
mg in total) were dissolved in 3 mL of chloroform in a round-
bottom flask and dried in a rotary evaporator under reduced
pressure at 30 °C to form a thin lipid film on the inside wall of
the flask. The lipid film was hydrated with 4 mL of ultrapure
water at 60 °C for 1 h followed by sonication for 1 h in ice−
water bath by a probe-type sonicator using a power of 25 W.
The resulting liposome suspension was centrifuged at 5000 rpm
for 15 min to remove undispersed lipids and multilamellar
vesicles. Graphene oxide was prepared by a modified Hummers
method using graphite powder as starting material as described
previously.34 The graphene oxide was reduced with hydrazine
at 100 °C for over 24 h to obtain the nonoxidative graphene or

reduced graphene oxide (RGO). (Note: Reduced graphene oxide
was a chemically modif ied graphene rather than “pristine”
graphene. Because our study only involved noncovalent modif ica-
tion of reduced graphene oxide by phospholipids, in which reduced
graphene oxide showed very similar properties to graphene, the
terminology “graphene” was used instead of reduced graphene oxide
for simplicity.) Prior to use, reduced graphene oxide suspension
was obtained by dispersing 2 mg of as-prepared graphene
powder in 4 mL of ultrapure water in an ice bath using the
probe-type sonicator under a power of 25 W for 1 h. A 1 mL
aliquot of the prepared liposome was mixed with 2 mL of RGO
suspension followed by sonication for 2 h in ice−water bath by
the probe-type sonicator using a power of 25 W. The resulting
mixture was centrifuged at 5000 rpm for 15 min to remove
large aggregates, and the supernate containing stable
suspension of phospholipid−graphene nanoassembly was
collected and diluted to 5 mL with ultrapure water. After the
weighing of collected large aggregates of RGO, the
phospholipid−graphene nanoassembly suspension was esti-
mated to contain ∼0.3 mg/mL of RGO. Assuming no loss of
FL-DHPE in the preparation of the nanoassembly, the
concentration of FL-DHPE was estimated to ∼42 μM in the
nanoassembly suspension. This nanoassembly suspension was
stored at 4 °C for future use.
The as-prepared RGO and phospholipid−graphene nano-

assembly were characterized using atomic force microscopy
(AFM) and other procedures such as transmission electron
microscope (TEM), Raman, infrared, and UV−vis spectrosco-
py, X-ray diffraction (XRD), X-ray photoelectron spectroscopy
(XPS), and dynamic light scattering (DLS). The AFM images
were taken using a Veeco Dimension V scanning probe
microscope (Veeco Instruments Inc., U.S.A.). The sample films
for AFM characterization were obtained by dropping the
diluted solution of nanomaterial suspension on a freshly cleaved
mica sheet and air-dried at room temperature. The resulting
mica sheet was rinsed thoroughly with ultrapure water and
dried in a nitrogen stream before the analysis.

Phospholipid−Graphene Nanoassembly-Based Assay
of Phospholipase D Activity. The reaction solution was
prepared in fresh by mixing 6 μL of phospholipid−graphene
nanoassembly suspension with 14 μL of reaction buffer
containing 4 μL of Tris−HCl buffer (50 mM, pH 8.0), 5 μL
of 30% DMF, 1.5 μL of 100 mM CaCl2, and 3.5 μL of ultrapure
water. In a typical assay, in 20 μL of reaction solution, 10 μL of
PLD (dissolved in 10 mM Tris−HCl buffer, pH 8.0 with final
concentrations ranging from 0 to 1000 U/L) was added
followed by incubation at 37 °C for 2 h. The resulting mixture
was diluted to a final volume of 100 μL with ultrapure water
and subjected to fluorescence measurements. The fluorescence
spectra were recorded at room temperature in a 100 μL quartz
cuvette on an F-7000 fluorescence spectrometer (Hitachi,
Japan) equipped with a PMT (working voltage 950 V). The
excitation wavelength was 492 nm, and the emission spectra
were collected in the wavelength range from 505 to 600 nm
with both excitation and emission slits of 2.5 nm.
The time-dependent fluorescence measurements was per-

formed immediately on adding 40 μL of PLD (dissolved in 10
mM Tris−HCl, pH 8.0, final concentrations ranging from 0 to
1000 U/L) in 80 μL of reaction solution in the 100 μL quartz
cuvette on the F-7000 spectrofluorometer. The excitation
wavelength was set to 492 nm (slit 2.5 nm), and the emission
wavelength was 514 nm (slit 2.5 nm) with a time interval of 8 s
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at a controlled temperature of 25 °C under a PMT voltage of
700 V.

■ RESULTS AND DISCUSSION

Characterization of the Phospholipid−Graphene
Nanoassembly. We explored the use of hydrophobic
interactions between the lipid tails and the graphene to prepare
the phospholipid−graphene nanoassembly. This nanoassembly
could be obtained readily by mixing the liposome with
graphene suspension under sonication. The as-prepared
phospholipid−graphene nanoassembly was characterized
using AFM to provide its morphological profile. After
sonication treatment, the reduced graphene oxide sheets were
well-dispersed on the mica surface, as shown in Figure 1. These
graphene sheets gave a topological height of 1.4−2.3 nm, a
typical vertical dimension for one- or two-layered sheets of
graphene.35,36 On the other hand, the phospholipid−graphene
nanoassembly gave a topological height over 5.3 nm. According
to the thickness of phospholipid bilayer (∼4 nm),33 the
assembly of phospholipids was supposed to form a monolayer
structure on either surfaces of reduced graphene oxide. Because
of the hydrophobic effect energetically disfavoring the exposure
of the hydrophobic lipid tails to aqueous surroundings and the
hydrophobic forces between the lipid tails and graphene, this
phospholipid monolayer would be arranged in such a structure:
the hydrophilic phosphate heads pointed outward to aqueous
surroundings on either side and the hydrophobic tails pointed
inward to the graphene surface, as illustrated in Scheme 1.
Additionally, the TEM images clearly illustrated that the
reduced graphene oxide sheets and the phospholipid−graphene

nanoassembly displayed a wrinkled structure and an ultrathin
paperlike morphology (Figure S1 in the Supporting Informa-
tion). Raman, infrared, and UV−vis spectroscopy, XRD, XPS,
and DLS characterization also revealed that reduced graphene
oxide showed much lower content of oxygen-containing
functionalities and restored electronic conjugation within two-
dimensional hexagonal platelet (Figures S2−S7 in the
Supporting Information). Taken together, these data gave
immediate evidence for successful preparation of the reduced
graphene oxide sheets and the phospholipid−graphene nano-
assembly.
Furthermore, it was observed that the reduced graphene

oxide sheets agglomerated into large aggregates in aqueous
solution and there were lots of sediments settled down at the

Figure 1. AFM images (left) and height profiles (right) of freshly prepared reduced graphene oxide (a) and as-prepared phospholipid−graphene
nanoassembly (b).

Scheme 1. Structure of Assembled Monolayers of
Phospholipids on Graphene Surfaces
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bottom of the vial (Figure 2). By contrast, the phospholipid−
graphene nanoassembly appeared to be very homogeneous and

stable (no sediments observed for at least 2 months) in water.
Such excellent solubility and stability in aqueous solution as
well as the phospholipid-based biocompatible coating favorably
supported the potential of the phospholipid−graphene nano-
assembly for biological applications. For a comparison between
the phospholipid−graphene nanoassembly and graphene oxide,
we also prepared the phospholipid-coated graphene oxide using
a procedure similar to that for the phospholipid−graphene
nanoassembly. Interestingly, the phospholipid-coated graphene
oxide suspensions were found to display a color clearly different
from that of the phospholipid−graphene nanoassembly, with
appreciable darkening observed for the phospholipid−graphene
nanoassembly with reference to the counterpart of graphene
oxide. This color change was attributed to the restoration of
electronic conjugation within the nonoxidative graphene sheet
during the reduction reaction. In other words, the phospho-
lipid−graphene nanoassembly showed a much stronger
absorption of energy ranging in the visible spectrum than its
graphene oxide counterpart. This might be an advantage in
applications where this nanoassembly was utilized as an
efficient energy acceptor for biological analysis based on
fluorescence resonant energy transfer.16

It is noteworthy that the developed phospholipid−graphene
nanoassembly may have several advantages over existing
solubilization methods for graphene such as graphene oxide
and graphene−polymer composites.37 First, the phospholipid−
graphene nanoassembly could be prepared very easily through
noncovalent assembly. This could retain electronic conjugation
within the nonoxidative graphene sheet and thus ensure the
desired electrical and optical properties intrinsical in graphene,
whereas oxidation or covalent grafting would alter these
electrical and optical properties because of the distortion of
electronic conjugation structure. Second, the nanoassembly was
highly soluble and stable in aqueous solution, and the
phospholipid coating imparted the nanoassembly with excellent
biocompatibility. This made the developed nanoassembly an
ideal nanocomposite used in biological surroundings. Third, the
composition of the monolayer phospholipid coating could be
readily designed and controlled by using various commercially
available phospholipid derivatives and even other lipid
analogues. This allowed the displaying of various functional
groups, signal reporters, and biological ligands at the outward
surface of the phospholipid coating. In this setting, the
developed nanoassembly might constitute a versatile platform
for biofunctionalization of nonoxidative graphene and related
biological applications. In the present study, we demonstrate a
model application of this nanoassembly as a novel fluorescence
biosensor for activity assay of phospholipase D by using a
fluorescein-labeled phospholipid for the functionalization.

Principle of the Phospholipid−Graphene Nanoassem-
bly-Based Biosensor for Phospholipase D. Because
graphene is intrinsically a fluorescence quencher for many
fluorophores in proximity to its surface, self-assembly of a
fluorescein-labeled phospholipid into a monolayer on the
graphene surface can dramatically quench the fluorescence of
these fluorescein labels. Motivated by this hypothesis, we
developed a biosensor based on enzyme-catalyzed release of the
fluorescein labels away from the fluorescence-quenched
graphene-based nanoassembly. Scheme 2 illustrates the
analytical principle of the biosensor for activity assay of
phospholipase D. A nanoassembly of phospholipid-coated
graphene was prepared using the liposome of two phospholipid
components, the major one DPPC and the minor one FL-

Figure 2. Photograph of suspensions for liposome (a), graphene oxide
(b), phospholipid-coated graphene oxide (c), reduced graphene oxide
(d), and phospholipid−graphene nanoassembly (e).

Scheme 2. Analytical Principle of the Biosensor for Activity Assay of Phospholipase D
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DHPE, a derivative of 1,2-dihexadecanoyl-sn-glycero-3-phos-
phoethanolamine (DHPE) with a fluorescein label conjugated
to the ethanolamine moiety. In this nanoassembly, the
fluorescein labels were located in proximity to the graphene
surface, and their fluorescence was quenched nearly completely
due to efficient photoinduced energy or electron transfer
processes. In the presence of active phospholipase D, the
phosphodiester bonds after the phosphate were catalytically
cleaved, which released the fluorescein labels apart from the
graphene surface, thus activating their fluorescence signal.
Because the cleavage of the fluorescein labels was highly
selective to the enzymatic reaction, the resulting fluorescence
response could then give an indicator for the activity of
phospholipase D.
Figure 3 depicts typical fluorescence spectral responses of the

biosensor in the assay of phospholipase D. The nanoassembly

of reduced graphene oxide and fluorescein-labeled phospholi-
pids was observed to only exhibit very weak fluorescence
spectra with a peak intensity ∼227 at 514 nm. Compared with
the fluorescence signal (a peak intensity ∼5222 at 514 nm) for
FL-DHPE of the same concentration, the quenching efficiency
for the fluorescein labels on the reduced graphene oxide surface
was calculated to be 95.6%. After incubation of the nano-
assembly with 1000 U/L phospholipase D, the reaction mixture
showed a very strong fluorescence signal with a peak intensity
∼4370 at 514 nm and the fluorescence enhancement ratio was
∼19, evidencing the activation of fluorescence signals from
these fluorescein labels during the reaction catalyzed by
phospholipase D. Further control experiments were performed
to verify that the fluorescence activation was specifically
mediated by active phospholipase D. In the control where
the nanoassembly was incubated with 1000 U/L phospholipase
D in the presence of its inhibitor, halopemide (1 mg/mL), the
fluorescence response gave a much smaller peak (intensity
∼624 at 516 nm) than that obtained with active phospholipase

D. Because the only difference in these two reactions was the
addition of the inhibitor, we inferred that inhibition of
phospholipase D activity could specifically prevent the
fluorescence activation. Furthermore, when we incubated the
nanoassembly, 1000 U/L phospholipase D with two inhibitors,
halopemide (1 mg/mL) and inhibitor EDTA (1 mg/mL), the
resulting fluorescence spectrum showed little difference from
that for the nanoassembly of reduced graphene oxide and
fluorescein-labeled phospholipids. This revealed that the
fluorescence activation was totally blocked by joint inhibition
of phospholipase D activity, indicating the fluorescence
activation was specific to phospholipase D activity. In addition,
we performed the control experiment by adding high
concentration of HSA in the nanoassembly solution. As
anticipated, no appreciable fluorescence enhancement was
observed in this case, which suggested the presence of abundant
nonactive proteins cannot activate the fluorescence signal, thus
confirming the specificity of the biosensor strategy. For a
comparison of the phospholipid−graphene nanoassembly with
its counterpart of graphene oxide in the assay of phospholipase
D, we prepared the phospholipid-coated graphene oxide
nanoassembly and examined its fluorescence responses.
Surprisingly, the nanoassembly of graphene oxide and
fluorescein-labeled phospholipids showed a relatively low
fluorescence quenching efficiency and a small fluorescence
peak was still observed at 514 nm with the intensity reading of
∼740. This was in good agreement with previous finding that
the quenching efficiency of GO is significantly improved after
reduction.16 Such a low fluorescence quenching efficiency
might be also attributed to the large areas of oxidized and
hydrophilic spots on the graphene oxide surface which
prevented phospholipids forming a compact assembly and
increased the distance for fluorescence energy transfer.
Moreover, after the phospholipase D-catalyzed reaction, the
fluorescence signal displayed an appreciable activation, but the
fluorescence enhancement ratio (∼2-fold) was much smaller
than that obtained with the phospholipid−graphene nano-
assembly. These findings indicated that improved activity of
phospholipase D could be obtained for compactly assembled
phospholipid substrates on nonoxidative graphene as compared
with loosely assembled phospholipid substrates on graphene
oxide, suggesting that the phospholipid−graphene nano-
assembly provided an advantageous platform as a solubilized
planar mimic of cellular membrane for phospholipid-related
researches.
To verify whether the activated fluorescence was attributed

to the release of the fluorescein labels, we performed
fluorescence anisotropy and microcopy measurements. It was
found that the fluorescence anisotropy profile displayed a
remarkable increase after the phospholipase D-catalyzed
reaction (Figure S8 in the Supporting Information), which
suggested enzymatic reaction produced a fluorescent product
with smaller size than the nanoassembly. This implied the
fluorescein labels were cleaved and released from the
nanoassembly. Microscopic analysis of the nanoassembly before
and after the phospholipase D-catalyzed reaction further
confirmed this finding (Figure S9 in the Supporting
Information). Because of the presence of abundant fluorescein
labels that were not completely fluorescently quenched on the
surface, the nanoassembly was found to deliver a brighter
fluorescence image on its surface before the enzymatic reaction
than that obtained after the reaction. Therefore, these images
confirmed the release of the fluorescein labels apart from the

Figure 3. Fluorescence spectra obtained for phospholipid−graphene
nanoassembly (black solid line), phospholipid-coated graphene oxide
suspension (black dashed line), phospholipid−graphene nanoassembly
plus 1000 U/L PLD (brown solid line), phospholipid-coated graphene
oxide suspension plus 1000 U/L PLD (blown dashed line),
phospholipid−graphene nanoassembly plus 5% HSA (blue solid
line), phospholipid−graphene nanoassembly plus 1000 U/L PLD in
the presence of 1 mg/mL inhibitor halopemide (green solid line),
phospholipid−graphene nanoassembly plus 1000 U/L PLD in the
presence of inhibitors EDTA (1 mg/mL) and 1 mg/mL halopemide
(purplish red solid line).
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surface. In addition, we could exploit the unique capability of
graphene as an efficient matrix for desorption/ionization of
adsorbed molecules in surface-enhanced laser desorption/
ionization time-of-flight mass spectrometry (SELDI-TOF
MS) analysis.5,31,38 This allowed us to directly validate the
cleavage reaction catalyzed by phospholipase D (Figure S10 in
the Supporting Information). Before the phospholipase D-
catalyzed reaction, the nanoassembly gave a peak for DPPC
(m/z: 735.2 and 756.5), while after the reaction, two peaks
corresponding to the hydrolysis product phosphatidic acid (m/
z: 687.2 and 725.2) appeared. These data gave immediate
evidence for the cleavage reaction catalyzed by phospholipase
D. It is noteworthy that this SELDI-TOF MS analysis also
suggests the great potential of the developed phospholipid−
graphene nanoassembly as a new platform for phospholipid-
related research.
Performance of the Phospholipid−Graphene Nano-

assembly-Based Biosensor for Phospholipase D. The
ability of the nanoassembly-based biosensor for quantitative
analysis of the activity of phospholipase D was then
investigated. A series of samples containing phospholipase D
of different concentrations were incubated with the nano-
assembly at 37 °C for 2 h. Figure 4 displays typical fluorescence

spectral responses of the biosensor in these assays. As
anticipated, the fluorescence spectra were observed to show
dose-dependent activation in response to phospholipase D. The
peak fluorescence readouts at 514 nm were dynamically
increased (from ∼273 to ∼4370) with increasing concen-
trations of phospholipase D within the range of 0.025−1000 U/
L. In terms of the rule of 3 times deviation over the blank
response, the detection limit was estimated to be as low as
0.010 U/L (∼4 pM). Such a low detection limit and a wide
dynamic range of 5 orders of magnitude were much better (at
least 1000-fold improvement) than existing strategies for
phospholipase D assays.29−32 Moreover, the biosensor showed
very desirable reproducibility based on its homogeneous assay
format. The relative standard deviations of peak fluorescence
readouts were 3.0%, 2.5%, 0.8%, 0.7%, and 1.6%, respectively, in
four repetitive assays of 0.025, 0.1, 1, 10, and 100 U/L of
phospholipase D. These results implied that the developed
biosensor provided a desirably sensitive and robust platform for
activity assay of phospholipase D.

Further investigation of the biosensor for inhibition kinetics
analysis was performed. We incubated phospholipid−graphene
nanoassembly with 10 U/L PLD in the presence of inhibitor
halopemide of varying concentrations (0, 10−6, 10−5, 10−4, 10−3,
10−2, 0.1, 1 mg/mL) to obtain the inhibition curve (Figure S11
in the Supporting Information). Accordingly, the value of IC50
for halopemide could be calculated to be 5.76 μM for PLD.
The developed biosensor was also capable of monitoring in

real time the hydrolysis catalyzed by phospholipase D, thereby
offering kinetic information regarding the enzymatic reactions.
To demonstrate this capability, we incubated the nanoassembly
with different concentrations of phospholipase D and
monitored the time-dependent fluorescence response profiles
at 514 nm during the reactions, as shown in Figure 5.

Interestingly, after the addition of phospholipase D, we
observed sigmoidal fluorescence activation profiles during the
reactions, particularly in cases with medium concentrations of
phospholipase D. In other word, the reaction rate was relatively
slow at the initial period, became much faster at the middle
period, and turned slower at the final period. A peculiar period
in these reactions was the initial slow reaction rate phase, the
so-called “lag phase”.39,40 This phase was originated from the
weak binding affinity of phospholipases to the phospholipid
substrates assembled on the nonoxidative graphene surface.
During the lag period, the hydrolysis product phosphatidic acid
was accumulated on the graphene surface into phosphatidic
acid-rich microdomains. It was known that phosphatidic acid-
rich microdomains could enhance binding affinity of
phospholipases to the phospholipid monolayer and increase
the local Ca2+ concentration to satisfy the requirement of
phospholipases.39,40 Thus, rapid hydrolysis was initiated and a
sudden burst of fluorescence activation was obtained at the end
of the lag phase. In addition, the duration of the lag phase, an
important kinetic parameter for these reactions, was observed
to be inversely proportional to concentration of phospholipase
D. This indicated that the developed biosensor was able to offer
insight into the kinetics of the hydrolysis reactions through real-
time monitoring of the fluorescence activation responses.

■ CONCLUSIONS
A novel phospholipid−graphene nanoassembly was developed
based on self-assembly of phospholipids on nonoxidative
graphene surfaces. This nanoassembly could be prepared very
easily through noncovalent hydrophobic interactions between

Figure 4. Fluorescence spectra obtained with PLD of varying
concentrations (0, 0.025, 0.05, 0.1, 0.5, 1, 5, 10, 50, 100, 103 U/L).
The arrow indicates the increase of PLD concentrations. Inset: plot of
fluorescence intensities at 514 nm vs PLD concentrations. Error bars
are standard deviation across four repetitive experiments.

Figure 5. Time-dependent fluorescence response curves obtained for
PLD of 0 (purple), 0.1 (blue), 1 (yellow), 10 (green), 100 (red), and
1000 U/L (black) at 25 °C.
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the lipid tails and the graphene without destroying the
electronic conjugation within the graphene sheet, ensuring
the desired electrical and optical properties intrinsical in
graphene. Moreover, the phospholipid coating afforded
excellent biocompatibility, facile solubilization, and controlled
surface modification for nonoxidative graphene, making the
nanoassembly an advantageous and versatile platform over
graphene oxide derivatives for biofunctionalization of graphene.
It was revealed that the nanoassembly was composed of a
bilayer of phospholipids with a graphene sheet hosting in the
hydrophobic interior, creating a planar mimic of cellular
membrane that might be potential for phospholipid-related
researches. By using a fluorescein-labeled phospholipid in this
nanoassembly, a novel fluorescence biosensor was then
developed for activity assay of phospholipase D. The developed
biosensor was demonstrated to have very high sensitivity
because of improved efficiency of fluorescence energy transfer
efficiency between the fluorophores and nonoxidized graphene.
In addition, this biosensor offered excellent robustness,
improved assay simplicity, and the capability for fluorescence-
based real-time monitoring of the reaction kinetics.
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